Cotter PA, Rodnick KJ. Fishing for an ECG: a student-directed electrocardiographic laboratory using rainbow trout. Adv Physiol Educ 31: 211-217, 2007; doi:10.1152/advan.00096.2006.-Cardiac physiology is emphasized in many undergraduate physiology courses, but few nonmammalian vertebrate model systems exist that 1) can be studied fairly noninvasively, 2) are well suited for controlled experimentation, and 3) emphasize principles characteristic of the vertebrate heart. We have developed an inquiry-based undergraduate/graduatelevel laboratory in cardiac physiology and electrocardiography using rainbow trout (Oncorhynchus mykiss Walbaum) and the BioPac MP30 data-acquisition system (other fish species and/or electrocardiographic recording devices can be substituted). This laboratory facilitates intensive study of vertebrate electrocardiograms (ECGs) under a variety of environmental and physiological perturbations and is ideal for use in multisession, inquiry-based laboratory projects in animal physiology. Furthermore, students gain valuable experience in scientific inquiry, study design, following and/or developing scientific protocols, and animal care. This laboratory requires the ability to keep captive fish of at least 100 g and equipment to record ECGs. Departments meeting these requirements can adopt this technique at modest expense. Student enthusiasm and feedback were positive, and several students commented that the nonlethal methods used added to the laboratory's perceived value. fish; cardiac physiology; electrocardiography; electrocardiogram A KEY COMPONENT of the undergraduate science curriculum is laboratory experience. Ideally, the laboratory provides a valuable setting to apply material covered in lecture and/or for students to be exposed to the practice of science. Many science educators view the laboratory as the site of effective communication, interaction, and real learning and where reinforcement of principles and concepts should take place. Due to time constraints, cost, and other factors, instructors often resort to "cookbook" style laboratory exercises that are typically not positive learning experiences for the students, do not incorporate active learning processes (8), and are less effective than "interactive engagement" techniques in promoting student learning (5). Most students and workers learn best when stimulated. Stimulation is enhanced when students are responsible for their own learning, can ask their own questions, and devise ways to address these questions. In short, it is widely agreed upon that active/discovery learning is beneficial at most educational levels (for a review, see Ref. 17).
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A review of the literature shows that while cardiac physiology receives much attention in teaching laboratories, the number of nonmammalian, vertebrate models that permit experimentation is limited. As the use of living specimens provides unique insights into physiology (10) , it is important to develop effective laboratory protocols to study cardiac physiology. Knight et al. (7) detailed techniques for studying electrical and mechanical activity of the frog heart in vitro, and Yoshida (18) described a wide range of cardiac physiology studies using an in situ preparation of frog hearts. Mammalian models are often restricted to graduate or medical school laboratories due to cost, student apprehension and preparedness, and growing resistance to the use of mammalian subjects (9, 13) . Furthermore, most of the mammalian cardiac physiology preparations published in Advances in Physiology Education are designed for graduate-or medical school-level demonstration, not inquiry-based undergraduate laboratory exercises (10, 13) .
In undergraduate laboratories, cardiac function and regulation are often studied using invertebrate (e.g., clams or other available invertebrates) or student subjects. Although many important physiological principles can be explored with these systems, they do have limitations. Students may not relate well to invertebrate animals and may not understand their anatomy, physiology, and natural history. Therefore, despite the fact that some invertebrate responses to cardiac manipulation are consistent with mammalian themes of cardiovascular regulation, some fundamental aspects of invertebrate cardiac function may not be clear in students' minds. Furthermore, collecting electrocardiograms (ECGs) from invertebrates may present technical challenges beyond the scope of the undergraduate laboratory. The use of human subjects has the opposite problem and an added challenge: students typically relate well to their own bodies, tend to be quite interested in how their bodies work, and data collection is straightforward, but only rudimentary manipulations can be done, and it is difficult to control variables.
A desirable animal model for studying vertebrate cardiovascular physiology should 1) be easy to handle and anesthetize; 2) allow for the easy administration of drugs that may or may not have specific cardiovascular effects; 3) be manipulated by means other than drug administration (temperature, salinity, hypoxia, etc.); and 4) have a well-documented natural history to make relevant conclusions concerning evolution, development, ecology, and physiology. Furthermore, survival of the experimental animal is often a concern for students and instructors. Fish possess many of these qualities, yet there are only a few published physiology laboratory protocols involving fishes (3, 11, 12) . Extensive scientific literature exists that characterizes the cardiovascular responses of trout (and other fishes) to a variety of environmental, drug, and anesthetic perturbations. These publications make the use of this laboratory exercise attractive in courses stressing small research projects with publication-style laboratory write-ups.
At Idaho State University, we used farm-reared (Clear Springs Foods, Buhl, ID) rainbow trout (Oncorhynchus mykiss Walbaum) in our undergraduate animal physiology laboratory to study cardiac function and regulation. Trout are relatively easy to maintain, and they readily adapt to laboratory handling and treatment. This laboratory supplements a more-traditional human ECG laboratory, allows a broad range of studentdirected experimental manipulations, and promotes both active and cooperative learning environments. Students have been surprised to learn that ECG tracings from trout are quite similar to mammalian tracings; this similarity helps students recognize the relevance to humans/mammals. In addition, students gain experience with animal care and how to safely and effectively anesthetize and recover an animal. All protocols were approved by the Idaho State University Animal Care and Welfare Committee.
Materials and Methods
Idaho is currently the nation's largest commercial producer of rainbow trout, growing 75% of the estimated 70 million pounds for the food fish market. In our studies, we used domesticated rainbow trout across age, sex, and size classes (Ͼ100 g). Trout were reared in constant flow spring water (14°C) raceways at Clear Springs Foods before being transferred to the Aquatics Research Facility at Idaho State University. Before being studied, fish were held in 1,000-liter circular tanks containing recirculating, filtered, dechlorinated, and UV-sterilized water at 14°C and were fed every other day (1% of body wt). Further details on the maintenance of fish for teaching and research can be found in Stickney and Kohler (14) .
Student profile and background. This laboratory was part of an upper-division Animal Physiology course consisting mostly of biology and zoology majors at the junior or senior level. Student backgrounds were diverse, but all students possessed a foundation in biological, chemical, and physiological principles. Few students had prior experience in handling animals in a research or laboratory setting. Prior to this laboratory, students were introduced to the fundamentals of cardiac function, electrophysiology, and ECG waveforms in nonlaboratory class meetings. Principles of electrocardiography were reinforced in the first of the two-session sequence, when students could explore practical and theoretical aspects of obtaining ECGs from "practice" fish (see ECG laboratory schedule). Each laboratory section had 10 -20 students and was successfully taught by one instructor and a teaching assistant.
ECG laboratory schedule. Our ECG exercise lasted two 3-h laboratory periods. During period one, students learned cardiac anatomy; ECG theory and practice; ECG software; how to handle, anesthetize, and recover fish; how to place electrodes for optimal data acquisition; and data analysis. Additionally, students were presented with a selection of variables (see below) from which they generated questions to address in the subsequent laboratory period. Each small group (3-4 students) wrote a one-to two-page proposal outlining the question and experimental methods; the proposal was reviewed by the instructor prior to the experiment. In the second laboratory period, students conducted their experiments. Appropriate laboratory protocols, behavior, and attire were taught to, and expected of, students in both laboratory sessions.
General setup. There are a variety of ways to set up the procedure. For all, be sure to 1) adequately oxygenate or aerate the recirculating water source, 2) maintain adequate water flow across the fish's gills [ϳ600 ml⅐min Ϫ1 ⅐kg body wt Ϫ1 is sufficient in trout (3)], and 3) keep the fish's skin moist using wet paper or a continuous stream of water whenever fish are maintained out of water. We used a plastic utility cart in which we drilled a hole in the top to allow for return drainage to the anesthetic bath reservoir (Fig. 1 ). We affixed a small drain or funnel to the underside and attached a short section of tubing to prevent spills. Below the drain sits a refrigerated anesthetic reservoir. Trout were acclimated to ϳ14°C, and experiments always began at the acclimation temperature. Alternatively, we have used plastic/fiberglass tanks with or without a standpipe to record ECGs for immersed fish. For either setup, we used a small submersible pump (model NK-1, Little Giant Pump, Oklahoma City, OK) and attached flexible tubing to bring water from the anesthetic bath reservoir to the fish (Fig. 1) . Tubing size and type should be chosen to match the size of fish and the arrangement of the experimental setup. To promote a stable ECG, sufficient and continuous irrigation of gills should be maintained, and bright red gills should be observed. We typically split the water line with Y-connectors and supply two fish (for 2 groups of students) on each table from each anesthetic reservoir. This system reduces material investment and provides replication of treatments (e.g., anesthetic concentration, water quality, etc.). To record ECGs, either digital or analog equipment can be used. At Idaho State University, we adapted BioPac MP30 (BioPac Systems, Santa Barbara, CA) ECG hardware and software for use on fish. This system works very well and has strong analytical capabilities. The only hardware added to the MP30 systems were sets of 1-cm bipolar needle electrodes (Grass Instrument Division, Astro-Med, West Warwick, RI), which were connected to the MP30 ECG harness (SS2L shielded electrode set) via 2-mm pins. Although BioPac Systems produces hardware that accepts 2-mm pins, we modified the 2-mm Grass pins to fit the BioPac ECG electrode clips. We simply heated solder in a heat-tolerant beaker over a hot plate and let it cool slightly before dipping the 2 mm pins into the solder. This thicker coating provides a sufficient diameter for clipping the BioPac ECG leads to the pins. A list of recommended supplies is shown in Table 1 .
Laboratory safety. Care must be taken when handling anesthetics, and proper laboratory procedures are required to ensure safety. Tricaine is a hazardous substance, and precautions must be taken to minimize skin and respiratory exposures. Dispensing crystalline tricaine should be done under a fume hood using protective gloves. Use of a particulate mask and protective eyewear is recommended. To minimize skin exposure, gloves (heavy rubber or double nitrile) should be worn at all times when submerging hands or handling fish in anesthetic solutions. Use the in-line/submersible pump or another stirring device to guarantee a homogenous anesthetic solution. For further information or precautions, including disposal considerations, consult the material safety data sheet (CAS 886-86-2) and local regulations.
Anesthetic administration and fish recovery. This laboratory is straightforward and, depending on resources, many substitutions and modifications are possible. Regardless of what modifications are made, it is important that 1) appropriate anesthetic doses are established for the species and conditions prior to using the lab in the classroom, 2) continuous and visible flow of water across the gills is maintained and gill color is noted, and 3) at least one student in each group is designated to recover fish. We have found that enthusiasm for the fish's welfare is high, and students readily volunteer to be responsible for recovering fish.
Approximately 20 liters of water-buffered anesthetic solution should be prepared prior to the experiment (see Table 2 for anesthetic measures), and its temperature should be stabilized.
Our trout were held at 14°C; however, the choice of experimental temperature will depend on the acclimation temperature of the fish used. A submersible or in-line pump and associated tubing (enough tubing to reach from the anesthetic receptacle to the fish's mouth when on the table) should be plugged in to circulate the anesthetic solution within the anesthetic container. After pumps and tubing are in place, place a fish in the anesthetic bath and observe the fish as it becomes anesthetized. Using the anesthetic concentrations listed in Table 2 , trout are fully anesthetized within ϳ1-3 min. After the fish has lost equilibrium and opercular movements have slowed, but not stopped, transfer fish to the V-shaped holder, ventral side up, and immediately insert the open end of the tubing into the fish's mouth. The elapsed time to notable stages of anesthesia (e.g., loss of equilibrium and loss of response to stimuli; Tables 3 and 4) should be recorded; these may be important data points for discussion with other groups or used to compare values between fish undergoing anesthesia. To keep tubing secured in the mouth, simply cut a slit in a small square of open-cell foam, slide the tubing through the foam, and place the foam in the fish's mouth. Flow volume can be regulated using Y-connectors and/or tube clamps.
At the completion of each trial, fish can be recovered via one of two methods. In method 1, simply transfer the fish to freshwater and manually move it back and forth through the water until rhythmical movements of opercula and fins resume. Method 2 requires that the fish is moved to a freshwater recovery tank, a pump is placed in the freshwater tank, and freshwater is pumped via the mouth tube across the gills until recovery. Recovery times vary with the anesthetic type, dos- age, and duration of anesthesia. Under deep anesthesia, recovery times up to 5-8 min are not uncommon. Recovery times should also be recorded. The anesthetic bath can be reused within a laboratory session, but new anesthetic solutions should be made for each laboratory session.
ECG leads and placement. Three bipolar shielded electrodes are used to record ECGs. Various placement regimens can be used, and some preliminary experimentation may be required. We obtained the best results with the animal's right side electrode (ϩ) midway and on the extreme lateral aspect of the isthmus. The left electrode (Ϫ) was inserted ϳ1 cm posterior to the right electrode but on the opposite side of the isthmus. A third "ground" electrode was inserted 1 ⁄2-2 ⁄3 down the body of the fish (Fig. 2) . Before each electrode is inserted, it is helpful to pierce the skin with a 27-or 30-gauge (preferred) needle and then insert the electrode into the needle hole subcutaneously (do not insert the electrode vertically or you may pierce the pericardium and heart). After only a few trials, electrode placement and insertion becomes quite easy. Changing electrode locations may be necessary to obtain a clean ECG signal (Fig. 3) . Some signal filtering can be performed to smooth the tracing; however, students may not have the adequate background or comfort to take advantage of the signal-processing capabilities of the data-acquisition system. The above procedure is sufficient for ECGs recorded from fish positioned ventral side up (submerged or emerged). If you wish to turn the fish dorsal side up, we recommend suturing each needle electrode in place (see below).
Although possible, recording ECGs from unanesthetized fish is not feasible in a typical undergraduate laboratory due to time, equipment, and technical constraints.
Procedures and Data Collection
An organized approach to data collection should be encouraged and facilitated. Although groups will perform different experiments, there is much value in collecting data that can be compared among groups (e.g., time course of anesthetic administration and recovery). We have included a sample data collection sheet that could be easily adapted for classroom use (see Table 4 ).
There are several possible treatments to use and experiments to perform with this protocol. The following is not an exhaustive list but represents variables we have used or suggested in the student and/or research laboratory. For each variable below, we provide possible questions to address experimentally in an undergraduate laboratory; the dependent variable chosen 
Teaching in the Laboratory
might depend on your learning outcome for the laboratory and the experience of the students.
Anesthetics. There are a wide variety of anesthetics available, and Summerfelt and Smith (15) provide an excellent review of their characteristics and use guidelines. We have used clove oil (prior to restrictions of its use by the United States Food and Drug Administration), tricaine methanesulfonate (MS-222, Crescent Chemical, Phoenix, AZ), and benzocaine (Sigma Chemical, St. Louis, MO). We determined effective doses by selecting concentrations resulting in both 1) an induction of deep anesthesia within 100 -200 s and 2) maintenance of anesthesia at the same dosage. Varying the anesthetic concentration can be easily accomplished.
Sample anesthetic questions are as follows:
1. Under similar effective doses, do MS-222-and benzocaine-induced anesthesia result in similar heart rates or wave form durations?
2. Is heart rate or heart rate variability influenced by the duration of anesthetic exposure?
3. Does the depth of anesthesia (see Table 3 ) result in predictable changes in heart rate?
Temperature. Temperature trials are quite successful and provide a great opportunity for students to see how ectothermic animals respond to acute temperature fluctuations. Our trout were acclimated to 14°C; we do not permit students to warm them higher than 20°C. We used ice packs to maintain/modify temperature. It is important to use ice packs (or plastic containers filled with ice) rather than raw ice to avoid diluting the anesthetic bath or adding chlorinated water and thus confounding the results. We have successfully used a circulating water bath fitted with a closed system heat-exchange apparatus (an aluminum coil fitted to a temperature-controlled recirculating water bath) in the research laboratory, but due to time and financial constraints we have not used it in the teaching laboratory. If temperature is to remain constant, care must be taken to monitor temperature and respond to slight fluctuations by the removal and addition of ice packs.
Sample temperature questions are as follows:
1. How does heart rate change as water temperature decreases?
2. Are temperature-induced changes in heart rate accompanied by predictable changes in the QT interval?
Oxygen supply. Alterations in cardiac electrophysiology due to hypoxia can be explored. The oxygen concentration of the anesthetic bath can be manipulated by bubbling nitrogen, air, or oxygen through the bath. An oxygen probe could be employed to closely monitor the anesthetic bath oxygen concentration. Alternatively, recording ECGs during brief periods of mouth tube removal may also induce hypoxic effects. A comparison of cardiac responses to these two techniques may be used to distinguish environmental hypoxia from water withdrawal. Care must be taken, and the welfare of the fish should be the primary concern when experimenting with hypoxia. Compared with other fishes such as the carp, catfish, goldfish, or eel, trout (and their hearts) are hypoxia intolerant. through the circulation. Its anatomy shows considerable variability across fish species. The last chamber, the bulbus arteriosus, is a heavy-walled elastic chamber that attenuates the pulsatile blood flow leaving the ventricle. All chambers are separated from one another by passive, one-way valves.
Many students are surprised to observe the similarities of fish and mammalian ECGs, especially when the anatomical differences of the two hearts are noted. It should be explained that despite the paired atria and ventricles in mammals, each of these pairs produce a single waveform on the ECG (i.e., a P wave for the combined depolarization of the atria and a QRS complex for the combined depolarization of the ventricles). In fish, the single atrium and ventricle produce a single P wave and QRS complex, respectively.
Concluding Remarks
In a department capable of maintaining captive fish and performing ECGs, this laboratory requires no real complex or expensive equipment and is applicable to cardiovascular studies across a wide spectrum of complexity. It is easily modified to meet the instructor's desired outcomes and can be used in single or multisession laboratories. Unlike ECG laboratory exercises involving humans, this laboratory facilitates wellcontrolled experimental manipulations and promotes both active and cooperative learning environments. Furthermore, scientific inquiry, study design, following and/or developing scientific protocols, coordination of a research team, and animal care are also emphasized.
